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Chlorhexidine-induced elastic and adhesive changes of Escherichia coli
cells within a biofilm
Nicole Rodgersa) and Anne Murdaughb)
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Chlorhexidine is a widely used, commercially available cationic antiseptic. Although its mechanism
of action on planktonic bacteria has been well explored, far fewer studies have examined its
interaction with an established biofilm. The physical effects of chlorhexidine on a biofilm are
particularly unknown. Here, the authors report the first observations of chlorhexidine-induced elastic
and adhesive changes to single cells within a biofilm. The elastic changes are consistent with the
proposed mechanism of action of chlorhexidine. Atomic force microscopy and force spectroscopy
techniques were used to determine spring constants and adhesion energy of the individual bacteria
within an Escherichia coli biofilm. Medically relevant concentrations of chlorhexidine were tested,
and cells exposed to 1% (w/v) and 0.1% more than doubled in stiffness, while those exposed to
0.01% showed no change in elasticity. Adhesion to the biofilm also increased with exposure to 1%
chlorhexidine, but not for the lower concentrations tested. Given the prevalence of chlorhexidine in
clinical and commercial applications, these results have important ramifications on biofilm removal
C 2016 American Vacuum Society. [http://dx.doi.org/10.1116/1.4962265]
techniques. V

I. INTRODUCTION
Biofilm formation is one of the many strategies employed
by microbes to protect themselves from the surrounding
environment. Individual microbes irreversibly attach to a
substrate through the excretion of organic materials, including polysaccharides and proteins, referred to as extracellular
polymeric substances (EPS),1,2 and begin cell division. This
results in a highly complex community of microorganisms,
known collectively as a biofilm. Microenvironments develop
within the complex structure, which can reduce the local
concentrations of chemicals present in the bulk solution.3
The layers of EPS also provide means of protection from the
environment by forming a matrix around the microbes.
These protective measures, along with cellular metabolic
changes, cause biofilms to be exceedingly resistant to antimicrobial agents.4,5 Biofilms have a negative impact on a wide
range of fields, such as medical, food production and preparation, water treatment, as well as environmental impacts.
The far reaching effects of biofilms and the use of antimicrobials to control them spurs the need for more studies that
examine the interaction between antiseptics and these robust
structures.
In nature, biofilms are often subject to tensile, shear, and
compressive forces which can mechanically remove and disperse the film. The ability of the biofilm to react to these
forces while remaining bound together and to the substrate is
directly related to the overall viscoelastic properties of the
biofilm.6–9 Thus, changes to the elastic properties of the constituent parts of the biofilm due to exposure to antimicrobial
treatments are of particular interest. Here, we examine the
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effect of chlorhexidine on the elastic properties of bacteria
within the biofilm.
Since its discovery in the mid-20th century, chlorhexidine
has become a commonly used antiseptic, with widespread
commercial and clinical applications. Chlorhexidine does
not significantly interact with mammalian cells and remains
active at the exposure site for hours after exposure, making
it quite favored as a method of infection prevention.10
Although highly effective against planktonic bacteria11–13
and capable of preventing initiation of bacterial biofilm
growth,12,14 chlorhexidine is less effective against a mature,
established biofilm. Several studies demonstrated that while
a sufficient concentration of chlorhexidine will eventually
kill the bacteria in the mature biofilm, the antimicrobial
effects generally exhibit a time delay15–18 or require multiple
exposures.19 These biofilm studies and others7,20 conclude
that, while chlorhexidine demonstrates bactericidal effects
against the biofilm cells, the drug does not effectively
remove the biomass from a surface.
Chlorhexidine is widely used in mouthwashes; thus, an
extensive amount of research on the drug is focused on its
interactions with oral biofilms. As the antimicrobial agent
gains use as a general disinfectant for skin and medical
equipment, especially to prevent urinary tract infections,19,21–23 its role with other bacterial biofilms must be
examined. In this study, we have chosen Escherichia coli
ZK1056 (a K12 derivative)24 as it is a model organism,
forms robust biofilms, and is relevant to the growing use of
chlorhexidine as a general disinfectant.
The mechanism of action for chlorhexidine is believed
to be the same and highly effective for both planktonic grampositive and gram-negative bacteria.25,26 Chlorhexidine displaces the stabilizing calcium ions on the bacterial membrane,
allowing the cationic regions of the molecule to bind to the
anionic phospholipid head groups that construct the cell
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membrane. This compromises the integrity of the membrane,
which in turn leads to an increase in the permeability of the
membrane.25 At sufficient concentrations, this increased permeability allows the penetration of additional chlorhexidine
molecules into the interior of the cell, which initiates the precipitation of phosphate groups in the cytoplasm.11,25,27 At
these higher concentrations, the cytoplasm has been observed
to have a coagulated appearance, and protuberances on the
cell surface appear.28
We hypothesized the chlorhexidine-driven precipitation
of compounds and subsequent coagulation of the cytoplasm
will manifest as an increase in the spring constant of individual cells residing in the biofilm. Such changes in elasticity
are easily measured and quantified using an atomic force
microscope (AFM) and force spectroscopy techniques. AFM
and force spectroscopy have been used extensively to study
the physical properties of biological materials, such as planktonic cells and biofilms.29–31 Attractive interactions with the
biofilm samples can be monitored as well. Probing the biofilm mass as a whole presents challenges, as biofilms are
very heterogeneous, three-dimensional structures. This issue
was overcome by utilizing the imaging capabilities of an
AFM to identify individual E. coli cells of the biofilm prior
to force spectroscopy measurements. Additionally, the viability of the bacteria after exposure to chlorhexidine was
determined using a live/dead staining assay and confocal
laser scanning microscopy (CLSM).
II. EXPERIMENT
A. Biofilm and solution preparation

E. coli ZK1056, provided by Dr. Roberto Kolter and Dr.
Matthew Traxler, was used due its great affinity for biofilm
formation. Bacteria from a frozen stock were streaked on
Luria broth agar plates, without antibiotic, and grown overnight at 37  C. A single colony was inoculated into sterile
nutrient broth (NB) (Fluka Analytical, Sigma Aldrich) and
grown to stationary phase overnight at 37  C.
The biofilm growth protocol was adapted from previous
work.32 A circular, 18 mm diameter and 1.5 mm thick sterile
poly-D-lysine coated coverslip (Neuvitro Corporation) was
placed in a sterile, plastic stand to rest upright in a sterile
10 ml beaker. Poly-D-lysine coating was used to further promote biofilm adhesion to the substrate. The beaker was filled
with 96% v/v NB, 2.5 mM CaCl2 (Sigma Aldrich), and 50 ll
of the E. coli liquid culture for a final volume of 3 ml. The
air–water interface rose to approximately the center of the
coverslip, which was optimal for AFM imaging. Then, the
beaker was incubated overnight at 37  C in static conditions
allowing for the formation of a robust biofilm at the air–
water interface on the glass coverslip. Biofilm samples were
gently rinsed with double distilled water to remove loose
material prior to imaging and used immediately.
A stock solution of 20% (w/v) chlorhexidine digluconate
(Sigma Aldrich) was sterile filtered and refrigerated at 4  C
until ready for use. Chlorhexidine was diluted in 10 mM 4(2-Hydroxyethyl)piperazine-1-ethanesulfonic acid (HEPES)
Biointerphases, Vol. 11, No. 3, September 2016
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buffer, pH 7.0 (Sigma Aldrich) to make 0.01%, 0.1%, and 1%
solutions. The range of tested concentrations was selected for
medical and commercial relevance. In this context, 0.01% is
considered low, as the clinical effectiveness of chlorhexidine
concentrations less than 0.05% is questionable.10
B. LIVE/DEAD staining and CLSM

Biofilm samples were treated with 10 mM HEPES buffer
(pH 7.0), 0.01%, 0.1%, and 1% chlorhexidine solutions in
static conditions for 35–40 min. An untreated biofilm sample
and a biofilm sample treated with 10% bleach for 1 min
served as negative and positive controls, respectively.
Samples were then rinsed with double distilled water and
stained using a FilmtracerTM LIVE/DEAD Biofilm Viability
Kit (Life Technologies) for 1 h. Excess stain was rinsed off
using double distilled water, and the coverslips were then
adhered onto glass slides for imaging using a Zeiss LSM 700
and 63 oil objective under 488 and 555 nm excitation.
Separate samples were used for CLSM and AFM studies.
C. AFM and force spectroscopy

Samples were placed in the AFM (Keysight Technologies
5420) and scanned at a constant rate (1.5–1.75 Hz) in contact
mode using a silicon nitride cantilever (NanoWorld AG), under
static fluid conditions at ambient temperature. Cantilevers were
calibrated before experimentation using the thermal method33
and had nominal spring constants of 0.02 N/m. After initial
contact, the scanning set force was significantly reduced to a
negative value, relying on the attractive interaction between
the cantilever and the substrate to maintain contact while minimizing normal forces. Scanning in contact mode allowed for
shorter scan times, thus increasing the time resolution of the
experiments.
In order to differentiate the physical effects of chlorhexidine on the individual bacteria from the effect of the biofilm
as a whole, the E. coli biofilm samples were first imaged to
find an area that consisted of a monolayer of bacteria, where
the cell shape was distinguishable in topographical scans.
This allowed for the identification of individual bacteria
within the biofilm matrix. Figure 1 depicts a schematic of an
ideal area probed by AFM, where tested E. coli cells were
visible through the EPS, and large, multilayer structures
were avoided. By restricting force probe measurements to
bacteria fitting these criteria, we are able to obtain elasticity
measurements directly relating to singular bacteria in the
biofilm, rather than the physical properties of the bulk biofilm matrix. Areas not meeting the above criteria were not
probed. If more than 30 min elapsed before finding a usable
area, the sample was discarded.
The typical suitable areas for force probe measurements
contained at least 10–20 bacteria fitting the above criteria
[Fig. 2(a), ] and an area of exposed coverslip [Fig. 2(a),
ⵧ]. The exposed coverslip provided reference for profile
scans [Fig. 2(b)], which confirmed biofilm heights corresponding to the characteristic height of a single layer of E.
coli cells.
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FIG. 1. Schematic of probed bacteria within a biofilm. Experiments were
restricted to areas in which (1) the bacteria grew in a monolayer, (2) the bacteria shape could be distinguished through any surrounding EPS, and (3) an
area of coverslip was visible to confirm cell heights.

Topographical and force spectroscopy scans were taken
simultaneously in static fluid conditions and compared to
confirm the continued presence of the selected bacteria. For
each scan, the glass substrate was also probed [Fig. 2(a), ⵧ]
to serve as a comparison point for the bacterium force–displacement curves. Displacement could be confirmed by
either (1) visual inspection of topography scan or (2) by
comparison with the force curves taken on the glass substrate. If a bacterium was displaced, the associated force
curves were removed from analysis.
For all experiments, the first time point was taken in the
control conditions, 10 mM HEPES buffer, to establish an

FIG. 2. AFM image of E. coli ZK1056 biofilm in 10 mM HEPES buffer (a)
with profile scan (b). The crosses () indicate suitable bacteria for force
spectroscopy measurements. One set of force curves was taken on the glass
substrate (ⵧ). The profile scan taken at the solid line indicates a cell height
of 400–600 nm, which is consistent with the height of E. coli bacteria and
confirms the presence of a single layer of bacteria.
Biointerphases, Vol. 11, No. 3, September 2016
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average baseline cellular spring constant and an adhesion
energy for that specific biofilm. Bacteria were then exposed
to 0.01%, 0.1%, or 1% chlorhexidine solution via fluid
exchange. Once approximately 5 ml of solution was
exchanged, the sample was kept in static fluid conditions for
the remainder of the experiment. Force spectroscopy scans
were captured just before and just after the fluid exchange
with chlorhexidine. The experimental time of 30–45 min
was selected to fully cover the longer possible end user times
associated with chlorhexidine bathing.21,22
Force–displacement curves were analyzed to determine a
value for the average bacterium spring constant and adhesion
energy for a given time point. The slope of the linear regime
of a force–displacement curve was determined from a least
squares fit, indicated by the red line in Fig. 3(a). Using the
coupled spring model, the spring constant of the bacterium
can be extracted from the deflection of the AFM cantilever
using the expression
1
1
1
¼ þ ;
k s kc kb

(1)

where ks , kc , and kb are the spring constants of the
cantilever-sample system, cantilever, and the biofilm,
respectively.34,35 An increase in spring constant indicates an
increase in the stiffness of the sample.
The adhesive nature was obtained through analysis of
the retraction portion of the force–displacement curve. As
previously done,24 integrating the area under the zero-line
of the retraction portion of the force–displacement curve
[blue shaded region, Fig. 3(b)] gives the adhesion energy.
A larger adhesion energy value indicates more energy is
required to fully detach the tip from the bacteria. The
spring constant and adhesion energy of each cell was determined in the presence of 10 mM HEPES buffer alone and
in a HEPES solution containing chlorhexidine (0.01%,
0.1%, or 1%).
Biofilms are highly complicated structures capable of producing microenvironments and growth variability even
within the same sample.3 The goal of this study is to determine the physical effects of the chlorhexidine on the

FIG. 3. Representative approach (a) and retraction (b) force–displacement
curves. Experimental data is given by the black squares (䊏). The least
squares fit to the linear regime of the approach curve (a) is given by the red
line. The blue shaded region of the retraction curve (b) demonstrates the
adhesion event integrated for analysis.
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FIG. 4. CLSM images of E. coli ZK1056 biofilm after LIVE/DEAD staining for an untreated biofilm (a) and biofilms treated with 10 mM HEPES buffer (b),
0.01% (c), 0.1% (d), and 1% (e) chlorhexidine solutions. Live cells fluoresce green, while dead cells fluoresce red. The scale bar is 10 lm.

individual bacteria rather than effects of chlorhexidine on
the biofilm matrix as a whole. To constrain the inherent biological variably that would be found across different biofilm
samples, here we track and report changes in elasticity to
multiple cells within a one biofilm sample for each concentration. As local growth conditions can vary during biofilm
development, the scanning location was not changed once
the experiment had begun so the assay would truly test the
effect of treatment over time.
The initial AFM scan began with 10–20 bacteria, which
would be genetically similar and grown under similar conditions. Of these 10–20, some would be displaced during the
experiment (and therefore excluded), but at least five cells
were present at every time point. For the next scan, new bacteria would be selected to replace those that were displaced during the previous scan. Five force–displacement curves were
performed on each selected individual bacterium and the
obtained spring constants and adhesion energies were averaged
to give a single measurement for each quantity per bacterium.
These individual values were averaged together and reported
with the standard error of the mean for each time point. Force
spectroscopy scans took 5–7 min, depending on the number of
bacteria probed during the scan. Each time point corresponds
to one scanned image from one biofilm sample.
III. RESULTS AND DISCUSSION
A. Results
1. CLSM

All concentrations of chlorhexidine compromised biofilm
cell viability (Fig. 4). SYTO 9 stain readily enters cells and
targets nucleic acids, while propidium iodine (PI) is only
able to penetrate cells with compromised membranes.
Ideally, PI will completely displace the SYTO 9 stain, providing a clear distinction between alive (green) and dead
(red) cells.36,37 However, since both SYTO 9 and PI stains
enter cells with damaged membranes, both can be simultaneously present in dead cells, as suggested here and observed
by Vilain et al.38
Untreated biofilms [Fig. 4(a)] consist of primarily alive
(green) cells with a few scattered dead (red) cells. Some
dead cells are expected in a healthy biofilm structure.
Bleached cells fluoresced red, confirming the assay successfully detects dead E. coli ZK1056 biofilm cells (data not
shown). Biofilms treated with only HEPES buffer [Fig. 4(b)]
Biointerphases, Vol. 11, No. 3, September 2016

remained primarily viable (green), similar to the untreated
biofilm. Biofilms treated with 0.01%, 0.1%, and 1% chlorhexidine [Figs. 4(c)–4(e), respectively] all fluoresced primarily red, indicating widespread compromised cell viability.
2. Force spectroscopy

Stiffness of E. coli biofilm cells increased upon exposure
to concentrations of 0.1% and 1% chlorhexidine, but did not
increase when exposed to 0.01%. Consistent with other investigations, the increase in cell stiffness exhibited some time
delay.15–18 Figure 5 depicts the average spring constant of the
bacteria residing in the biofilm in the minutes after exposure
to chlorhexidine. Numerical data and number of bacteria
probed per time point are given in supplementary Table I.39
Under control conditions of 10 mM HEPES buffer, cells
exhibited a spring constant of approximately 0.02 N/m for the
duration of the experiment. After 30 min in the HEPES
buffer, the spring constant decreased by 0.009 6 0.005 N/m.
Thus, any spring constant change less 0.014 N/m
(0.009 þ 0.005 N/m) is within the range of normal stiffness
changes while residing in the buffer. Cells imaged in HEPES
buffer just prior to chlorhexidine exposure also exhibited a
spring constant of approximately 0.02 N/m. The 0.01% chlorhexidine solution exhibited no changes above the small fluctuations observed under the control conditions. For 0.1% and
1% solutions, the spring constant of the bacteria generally
increased, although at different rates. By the completion of
the first AFM scan (7 min) in the 0.1% chlorhexidine solution,
the bacterial spring constant had increased by
0.035 6 0.005 N/m, more than twice the spring constant fluctuations observed in the HEPES buffer alone. In contrast, the
1% solution required over 25 min before an increase in spring
constant larger than 0.014 N/m was observed.
The energy required to separate the AFM tip from the biofilm increased for cells exposed to 1% chlorhexidine but did
not change for the other solution conditions. Figure 6 shows
the energy required to separate the tip from the biofilm over
the course of the experiments for each tested concentration.
Biofilms placed in the HEPES buffer exhibited an increase in
adhesion of at most 0.03 6 0.02 fJ. Thus, a change greater
than 0.05 fJ (0.03 þ 0.02 fJ) is required to be considered a significant change in adhesion energy. Chlorhexidine concentrations of 0.01% and 0.1% generally do not change more than
the required 0.05 fJ. At the 9 min mark, 0.01% chlorhexidine
changes by 0.13 6 0.07 fJ, but this increase is only slightly
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FIG. 5. Cellular spring constant vs exposure time in chlorhexidine of four solution conditions: control (ⵧ), 0.01% (䊉), 0.1% (䉱), and 1% (䉬) chlorhexidine
solutions. Results at the 0 min mark represent the stiffness of the sample before
exposure to chlorhexidine. The error bar is the standard error of the mean.

outside the required 0.05 fJ and is not maintained through the
duration of the experiment. Biofilms exposed to 1% chlorhexidine showed significant increase in adhesion energy, requiring over ten times the energy to remove the tip from contact
with the bacteria.
B. Discussion
1. Elasticity

Exposure to chlorhexidine affected the physical properties of the cells within the biofilm, but not at all

FIG. 6. Adhesion energy to separate AFM tip and biofilm vs exposure time
in chlorhexidine of four solution conditions: control (ⵧ), 0.01% (䊉), 0.1%
(䉱), and 1% (䉬) chlorhexidine solutions. Results at the 0 min mark represent the adhesiveness of the sample before exposure to chlorhexidine. The
error bar is the standard error of the mean.
Biointerphases, Vol. 11, No. 3, September 2016
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concentrations. An increase in spring constant is consistent
with chlorhexidine-induced precipitation of intercellular
material.11,25,27 Exposure to 0.01% compromised cell viability [Fig. 4(c)], but did not significantly change the spring
constant, indicating no discernible stiffening of the cell. In
laboratory experiments with planktonic E. coli, the reported
minimum inhibitory concentration (MIC) for chlorhexidine
varies widely, from 0.0007 to 0.13 mM (0.00006%–0.01%
w/v with respect to chlorhexidine digluconate).12,13,26,27 The
cationic nature of chlorhexidine further confounds MIC
experiments, as it will bind with the anionic counterions of
biologically relevant molecules, notably, chloride,27 which
effectively reduces the chlorhexidine concentration. While a
concentration of 0.01% should initiate intracellular precipitation in planktonic E. coli cells,11 a cell residing in a biofilm
presents additional challenges, since EPS biomolecules protect the cell and microenvironments can change local concentrations. EPS contains regions of negative charge, which
can react with cationic chlorhexidine,15 and could further
reduce the amount of chlorhexidine available to interact with
the cell membrane. EPS binding will be effective at hindering the chlorhexidine; therefore, while cell death occurs,
concentrations higher than 0.01% may be required to initiate
observable precipitation and cell stiffening.
Exposure to 0.1% or 1% chlorhexidine compromised cell
viability and generally increased the cellular spring constant
with increased exposure time, consistent with a stiffening of
the cell due to chlorhexidine-induced intracellular precipitation. Both concentrations increased the average spring constant
of the individual bacteria from 0.02 N/m to approximately
0.05 N/m. Brindle et al.7 noted a similar doubling in stiffness
while probing multilayered Staphylococcus epidermidis
(spherical, gram positive) biofilms using a 30 lm glass sphere.
The size of the glass sphere means they probed both the individual biofilm cells and the surrounding biofilm matrix. Their
observation of a stiffening of a multilayered biofilm agrees
well with our observation of an individual biofilm cell stiffening. The mechanism of action of chlorhexidine is the same for
both gram negative and gram positive bacteria,25,26 so it is not
surprising that both our study and Brindle’s study would be
consistent.
A significant increase in spring constant was accomplished at different times for the two concentrations. A time
delay is consistent with other investigators, who found that
chlorhexidine must diffuse through the biofilm to affect bacteria viability.15–18,20 While the single layers of bacteria in
this study were relatively exposed, the chemical compound
must navigate the larger, three-dimensional macrostructure
of the biofilm and penetrate any EPS surrounding the cell.
Thus, the immediate stiffening of the bacteria in the biofilm
is generally not expected. The delay in stiffening by the 1%
chlorhexidine solution is most likely due to an increased
number of EPS biomolecules protecting the outside of the E.
coli membrane. These results, in conjunction with previous
work,7,15–18,20 indicate that cells in multilayered biofilms
would stiffen, but would require longer timescales to do so.
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2. Adhesion

In addition to collecting spring constant data, the adhesive
nature of the chlorhexidine-exposed cells was examined as
well. Adhesive interactions with a biofilm can be quite complex and differentiating the types of interactions observed in
the retraction portion of the force curve can be exceedingly
difficult in the presence of EPS. Integrating the retraction
curve produces a general adhesion energy.37 This gives a
quantification of the interaction between the AFM tip and
the biofilm that can take into account the shape of the adhesion events in the retraction curve. This corresponds to the
energy required to separate the tip and the bacteria (Fig. 6).
A larger number indicates a stickier biofilm.
As the act of probing the bacteria may disrupt material and
affect subsequent adhesion measurements, caution should be
used in interpreting the adhesion energy data. Only very large
and consistent changes in adhesion energy should be taken as
a general indication of tip-surface interaction changes. The
lower concentrations of 0.01% and 0.1% chlorhexidine compromise the bacteria [Figs. 4(c) and 4(d)] but are not high
enough to consistently change the tip interaction with the bacteria or EPS. The 0.01% solution increased the adhesion of
the tip to the bacteria by 0.13 6 0.07 fJ, which exceeds the
previously determined significance threshold of 0.05 fJ.
However, this increase does not hold at subsequent time
points. In contrast, the tenfold increase in adhesion energy
when exposed to the 1% chlorhexidine is large enough to be
considered significant.
The membranes of the cells exposed to 1% chlorhexidine
are, most likely, highly damaged, and probing the bacteria
places the tip in contact with adhesive molecules and material normally contained within the cell. Additionally, chlorhexidine could be interacting with the negatively charged
regions of the EPS biomolecules,15 significantly altering the
EPS configuration and the interaction with the AFM tip.
Thus, this dramatic increase in adhesion could be due to a
higher amount of EPS present on this particular biofilm area.
This is consistent with the spring constant measurements, in
which the 1% chlorhexidine solution did not immediately
stiffen the bacteria in the biofilm. The specific interaction of
chlorhexidine and EPS is largely unexplored; therefore, further research is needed to fully explain the increase in adhesion energy.
A remaining possibility is that the chlorhexidine could be
electrostatically binding to the AFM tip. The interaction of
the silicon nitride and chlorhexidine is largely uncharacterized. In water, the surface of silicon nitride AFM tips can
obtain a slight negative surface charge density (0.5 electrons/nm2),40 which should attract the cationic regions of the
chlorhexidine molecule, which then bind to the organic
material on the biofilm. More studies on this particular
molecular interaction are required to fully account any effect
of the tip–chlorhexidine interaction. While not a strictly biological interaction, understanding the silicon nitride interaction with a chlorhexidine treated biofilm could have
implications with current research into drug delivery via
Biointerphases, Vol. 11, No. 3, September 2016
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nanoporous silica media.41,42 If chlorhexidine enhances the
adhesion of organic biofilm material to silicon based materials, this could have negative consequences on infection treatments. This is in addition to concerns that chlorhexidine
could be disrupting EPS biomolecules, which could promote
irreversible attachment of new bacteria to the remains of the
biomass and the reestablishment of infection.
IV. SUMMARY AND CONCLUSIONS
Often, antimicrobial treatments are characterized in terms
of toxicity to the target microbes and/or to host mammalian
cells. However, in the case of biofilms, the physical effects
must also be examined, as antimicrobial treatment can significantly alter the physical properties of the biofilm. In this
study of chlorhexidine, we sought to observe the physical
manifestation of the biochemical mechanism of the compound through a stiffening of the biofilm cells. While all
tested concentrations of chlorhexidine compromised cell viability, only the lowest, 0.01%, did not significantly affect the
elasticity of the cell or adhesive properties of the biofilm.
Concentrations of 0.1% and 1% chlorhexidine both
increased the stiffness of the cells, with 1% altering both the
stiffness and adhesion. Future studies will be required to
determine if this inactive, stiffened, and more adhesive biofilm structure provides a favorable surface for new biofilm
colonization through increased adhesion, or if the changes to
the elastic properties will affect the biofilm’s stability in the
presence of mechanical forces. Additionally, this work suggests long exposures to lower concentrations of chlorhexidine may be preferable to higher exposures, which could
significantly change the interaction between the biofilm and
its surrounding environment. Such information would be
useful in the further development of chlorhexidine treatment
protocols.
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